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Abstract: Microbial lipases represent one of the most important groups of biotechnological biocatalysts.
However, the high-level production of lipases requires an understanding of the molecular mechanisms
of gene expression, folding, and secretion processes. Stable, selective, and productive lipase is essential
for modern chemical industries, as most lipases cannot work in different process conditions. However,
the screening and isolation of a new lipase with desired and specific properties would be time
consuming, and costly, so researchers typically modify an available lipase with a certain potential for
minimizing cost. Improving enzyme properties is associated with altering the enzymatic structure by
changing one or several amino acids in the protein sequence. This review detailed the main sources,
classification, structural properties, and mutagenic approaches, such as rational design (site direct
mutagenesis, iterative saturation mutagenesis) and direct evolution (error prone PCR, DNA shuffling),
for achieving modification goals. Here, both techniques were reviewed, with different results for
lipase engineering, with a particular focus on improving or changing lipase specificity. Changing
the amino acid sequences of the binding pocket or lid region of the lipase led to remarkable enzyme
substrate specificity and enantioselectivity improvement. Site-directed mutagenesis is one of the
appropriate methods to alter the enzyme sequence, as compared to random mutagenesis, such as
error-prone PCR. This contribution has summarized and evaluated several experimental studies on
modifying the substrate specificity of lipases.
Keywords: lipase; specificity; binding pocket; lid; oxyanion hole; protein engineering;
chemoselectivity; regioselectivity; stereoselectivity
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1. Introduction
The most widely used biocatalysts for oil and fat modification are lipases (EC 3.1.1.3, triglycerol
hydrolases) [1]. Lipases have also been implemented in organic synthesis [2]. Eijkman discovered lipase
over a century ago, and reported that many types of bacteria secreted and produced lipases, some of
which could remain enzymatically active in organic solvents [3]. Lipases are very attractive, and ideal
tools for organic chemistry due to many factors, such as their availability in large quantities, as many are
produced by microbial organisms, including bacteria and fungi. Additionally, they display exquisite
stereoselectivity, chemoselectivity, regioselectivity, and do not catalyze side reactions, or cofactors are
necessitated. Many lipases crystal structures have been solved, facilitating the use of rational design
strategies to improve their properties [4]. Lipases have been applied in numerous industries, such as
pharmaceuticals, food, beverages, cosmetics, medical diagnostics, detergents, and papers. Furthermore,
lipases have successfully been implemented in novel biotechnological applications, such as synthesis
flavor, biodiesel, biopolymers, agrochemicals, and enantiopolymers pharmaceutical compounds [5].
However, certain applications require specific modifications of an enzyme’s properties to meet the
application requirements. This generally includes catalyst stereo-chemoselectivity, regioselectivity,
activity at high substrate concentration, elevated temperature or extreme pH. Molecular biology
technology introduces two most essential strategies for modifying enzyme properties: direct evolution,
which can be performed by random mutation, and rational design via site-directed mutagenesis [6].
To alter enzyme selectivity, many structural enzyme parts are used as the main target, such as altering
the amino acid sequence by mutation in the active site-substrate binding area or lid region, which has
been shown to mediate enzyme chain length selectivity [7].
2. Primary Lipase Classification
Different classes of carboxylic ester hydrolases enzymes (EC 3.1.1) are produced by microorganisms,
and these are affiliated with the structural superfamily of α/β-hydrolases, including lipases, esterases,
and phospholipases. True lipases (EC 3.1.1.3) offer a high activity for hydrolyzing water-insoluble
long, and medium-chain triglycerides, while esterases (EC 3.1.1.1) catalyze water-soluble short-chain
triglycerides. Phospholipases share similarities of structure and catalytic mechanism with lipases
and esterases, due to their substrate promiscuity, but they catalyze hydrolyzing phosphoglycerides
ester bonds with an amphipathic nature, rather than neutral lipids [8–10]. Cutinases (E.C. 3.1.1.74),
which belong to the α/β-hydrolase superfamily originating from fungus, is another type of enzyme
with characteristics similar to those of lipases and esterases. This enzyme catalyzes the hydrolysis of
ester bonds in cutin polymers, and also catalyzes the hydrolyzing of long and short-chain triglyceride,
without the requirement of interfacial activation [11]. For classifying the lipolytic enzyme as a “true”
lipase (EC 3.1.1.3), two criteria should be available. Firstly, lipase activity should be increased when the
triglyceride substrate forms an emulsion as interfacial activation. Secondly, the presence of the “lid”
located on the protein surface covering the active site and opens when interfacial activation occurs [12].
Another criterion, which should be considered for discriminating lipase from esterase, is that lipase
shows higher Km than esterase when hydrolyzing soluble esters, as well as the difference in their
amino acid composition, and protein surface electrostatic distribution [13,14]. However, these criteria
proved to be unsuitable for classification, due to some exception discovered in the last decades [15,16].
3. Advance Lipase Classification
Novel thermophilic and psychrophilic microbial lipases have been recently isolated and
overexpressed in heterologous host Escherichia coli. Unknown lipase producing species such as fungi,
yeast, and bacteria have also been described and characterized according to their enantioselectivity
toward carboxylic acids, alcohols, and other artificial substrates [17]. Based on biological properties
and conserved sequence motifs, a lipase framework has been provided by Arpigny and Jaeger [18]
classifying them into eight families. The “true” lipases of Gram-positive bacteria such as Staphylococcus,
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Bacillus, Propionibaceterium, Streptomyces, and lipases from the Gram-negative Pseudomonas are classified
in Family I. Family I was formerly divided into 87 subfamilies sharing a consensus Gly-Xaa-Ser-Xaa-Gly
(GXSXG) sequence [19]. Masomian et al. [20] reported a novel lipase from a thermophilic bacterium
belonging to an uncharacterized subfamily of Family I. The new thermostable lipase represents
subfamily I.9, which has properties between mesophilic and thermostable lipases. In Family, I,
the subfamilies I.1, and I.2 lipases are dependent on their expression on a chaperone protein named
lipase specific foldase (Lif).
These subfamilies have four conserved residues, namely two cysteines, which form a disulfide
bridge, and two aspartic acids, implicated in the Ca-binding site. These conserved residues have
been found to have homologous positions in all these subfamilies sequences. Furthermore, it has
been suggested that their main role is in stabilizing enzymes’ active sites [21]. Lipases produced
by Bacillus and Geobacillus are generally grouped under subfamilies I.4 and I.5. In lipases from
subfamily I.5, the first glycine is replaced by alanine residue in the conserved pentapeptide motif:
Ala-Xaa-Ser-Xaa-Gly [18,22]. Lipases and esterases belong to Family II, exhibited a GDS (L) motif,
which also consisted of the active-site serine residue. The lipolytic enzymes of this family do not
demonstrate the conserved pentapeptide sequence (GXSXG), and the serine residue lies near the
N-terminal region of the protein [23]. These enzymes can modify their structures because of the
flexibility of their active sites in the presence of specific substrates. This unique characteristic increased
the enzyme substrate specificity range [24]. The hormone-sensitive lipases (HSL) have a high sequence
similarity to mammalian HSL [25]. The HSL lipase catalyzed the hydrolysis reaction of triacylglycerols
in adipose tissue [26]. The lipases of this family have two highly conserved consensus motifs,
(HGG) GXSXG, and His-Gly-Gly. This motif plays an important role in the formation of the oxyanion
hole [27]. The lipolytic enzymes classified in the Family V originated from psychrophilic, mesophilic,
and thermophilic microorganisms. Ideally, this family has a common PTL, and conserved GXSXG
motif [28]. Lipolytic enzymes of Family VI is well characterized, and classified according to their size.
This family has the catalytic tried of Ser-Asp-His in their hydrolase fold, and esterase with molecular
mass 23 to 26 kDa, represents the smallest enzyme of this family [21]. Esterases Family VII share
the conserved GXSXG pentapeptide, and substantial amino acid sequence homology (40% similarity,
30% identity) [18]. The enzymes in Family VIII are similar to the C β- lactamases class, with the
protein lengths of approximately 380 amino acids [29]. They are resistant to cephalothin, cefazolin,
cefoxitin, and most penicillin, due to the presence of conserved ampC gene. They also code β-lactamase
inhibitor-β-lactam combinations [30]. This trait relates to the N-terminal of class β-lactam, consisting
of the conserved active site (Ser-Xaa-Xaa-Lys) [31]. The current classification of bacterial lipolytic
enzymes is shown in Table 1.
4. The Lipases Expression System
Due to the availability of many prokaryotic expression system, such as bacteria and eukaryotic
systems like mammalian cells, insects, filamentous fungi, and yeasts, production of lipases in a large
quantity has been facilitated [32]. The isolation of the lipase coding genes is the primary step to express
the protein [33]. Selecting the proper vector and host compatible with the gene sequence are the
important parts of large-scale production of lipases. The commercial plasmids such as pGEM®-T [34],
pET 51 [35], pET-32 [20], and pTrcHis (A, B, C) plasmids [36], have broadly been used for cloning of
isolated lipase genes. Among the bacteria are different strains of Gram-negative E. coli, which is widely
used as a heterologous expression system. The availability of different commercial strain of E. coli with
a wide range of molecular toolboxes, for instance, tags, vectors, and promoters, make it more suitable
for building up an expression system for a correctly folded recombinant enzyme with a higher yield.
However, many factors have confined the usage of this expression system, and much of this is related
to the host bacterial inability to perform post-translational modifications, such as the correct formation
of disulfide bridges, glycosylation, phosphorylation, and correct protein folding [37]. Around 52% of
recombinant lipases are expressed in the E. coli expression system. The bacterial lipases that belong to
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the genera Burkholderia, Staphylococcus, Pseudomonas, Bacillus, Serratia, and a few lipases from the
yeast genus Candida are generally used in the E. coli expression system [32]. The lipase produced
by CALB has been expressed in E. coli and exploited as a biocatalyst in biodiesel production [38].
The prokaryotic organism, such as Gram-positive soil bacterium Bacillus subtilis, represent the second
most used organism for expression recombinant protein after E. coli. This bacterium can secret protein
directly to the media at high concentration, by fusing it with the N-terminal signal sequence [39].
On the other hand, the usage of yeasts and filamentous fungi, which represent the eukaryotic
expression systems, is the choice to carry out post-translational modifications, as they have a sub-cellular
organization system and they are preferred over bacterial expression hosts in food processing [32].
Saccharomyces cerevisiae is the first yeast used for the heterologous expression of recombinant proteins,
as it can display high-molecular-weight proteins on its cell surface [40]. Another type of yeast which
is considered a non-Saccharomyces yeast, Pichia pastoris, has been the most applied heterologous
system for commercially protein production. However, the high level of expression and reduced
hyperglycosylation are introduced by Pichia pastoris [41]. Around 34.6% of the recombinant lipases
are expressed in P. pastoris [32]. Yan et al. [42] reported using P. pastoris as expression system for
Thermomyces lanuginosus lipase gene cloned in to pPICZαA plasmid. Among the filamentous fungi,
Aspergillus species consider an attractive protein expression host, as it can produce and secrete a high
amount of recombinant protein and can grow on an inexpensive medium [43]. Haegh et al. [44] used
Aspergillus oryzae for expressing the Candida antarctica A and B lipase genes, cloned into pMT1229
and pMT 1335 plasmids, respectively. Aspergillus spp. and A. oryzae is the most expressive hosts
used to express around 2.3% of all recombinant lipases [32].
Table 1. Current classification of bacterial lipolytic enzymes retrieved from UniProt database &
GenBank, [18,20,25,45–47].
Family Subfamily Enzyme Producing Strain (Accession No,UniProt or PDB)
Family I
1
Pseudomonas aeruginosa (LipA) D50587
Pseudomonas fluorescens C9 AF031226
Vibrio cholera X16945




















Pseudomonas fluorescens SIKW1 D11455
Pseudomonas Fluorescens PfO1 Q3KCS9
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Table 1. Cont.
Family Subfamily Enzyme Producing Strain (Accession No,UniProt or PDB)
4






Bacillus subtilis (LipB) C69652
5
Geobacillus stearothermophilus L1 U78785
















Corynebacterium glutamicum Q8NU59, Q8NU60
8
Fervidobacterium Rt17-B1 ABS61180
Thrmosipho melanesiensis B1429 ABR31744
Thermotoga petrophila RKU-1 WP011943454
Thermotoga maritima MSB8 WP 004082539




Aneurinibacillus thermoaerophilus strain HZ * GU272057
Bacillus pseudomycoides DSM 12442 WP_006094994
Bacillus mycoides Rock3-17 EEM11082
Bacillus cereus B4264 WP 000517067
Bacillus anthracis str. CDC684 ACP13431
EML 1 * DQ229155
Lip G * DQ458963











Clavibacter michiganensis B0RCM8, B0RFW0
Streptomyces albus U03114




Pseudomonas sp. B11-1 (AF034088)
Alcaligenes eutrophus L36817
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Table 1. Cont.












Polaromonas sp. JS666 Q127I1
Shewanella amazonensis A1S771
















Note: The bacterial lipolytic families I–VIII, described in the Arpigny and Jaeger classification. The new lipases
discovered by functional metagenomics indicated by an asterisk (*) originated from marine metagenome, and the
lipases indicated by (**) are originated from marine sediments and adapted from [18,20,25,45–47].
5. Lipases Main Structural Features
5.1. The Lid
The presence of a lid is one of the required criteria for the “true lipase” classification [12,48]. This mobile
subdomain is amphipathic structures, as their hydrophilic side faces the solvent in the closed
conformation, while directing his hydrophobic side toward the catalytic active site [49]. The lid or
(flap) structure, which is variable in length, is constituted of one or more α helices with two hinge
segments on both ends. This structure is functionally essential, because it is responsible for exposing
the hydrophobic trench in the presence of a substrate [50]. When the flap or lid is closed the lipase
is inactive, as the lid protects the active site from substrate accessibility. In open conformation,
substrates can be entered, and accommodated in the active sites to be converted to a product [51].
In aqueous media, lipase usually reveal very low catalytic activity, which may be related to the “closed”
conformation assumed under these conditions. However, in the state of an aqueous-organic–interphase
or organic media (hydrophobic), the lipase reveals higher activity, which may be related to an open
conformation. The higher activity of lipases in polar–aqueous interphases media is known as “interfacial
activation” [52]. The movement of the lid domain, which is covering the active site achieved by
rotating around two hinge regions at the lipid–water interface condition, this movement creates a
large hydrophobic trench around the active site, resulting in lipase activation [53]. However, for lipase
activation, the presence of a sufficient interface is always necessary, more than the entity of substrate
or its analog or inhibitor. This is called the molecular (bio)-imprinting property [54]. Other factors
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may also affect the lipase specificity, and their activity, such as the physicochemical state of the lipid
substrate, Interfacial quality, and surface pressure are examples of physiochemical lipid substrate
states, which are affected by lipase adsorption to lipid particles [55]. Previous studies have shown
that mutations in the hinge region or on the lid affect the enzyme chain length selectivity (substrate),
and the enzyme thermostability [56]. Lipase can be classified into three groups on the base of the type
of lid domain. The first lipases are those without lids, such as Bacillus subtilis lipase (PDB: 1I6W) [57],
followed by lipases with one loop or helical lid such as Burkholderia cepacia lipase (PDB: 3LIP) [58],
and lipases with multiple helical lid, such as Candida antarctica lipase (PDB:2VEO) [59]. The different
types of lipase’s lids are shown in Figure 1.Catalysts 2020, 10, x FOR PEER REVIEW 8 of 36 
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which are structurally conserved with a nucleophilic elbow, the first oxyanion hole residue of the 
consensus sequence G-X1-S-X2-G is the X2 residue, located next to the catalytic serine after strand β5, 
whereas the second oxyanion hole residue is located in the loop between the β3-strand, and the αA-
helix at the N-terminal part [60]. Lipases are classified into three classes according to their oxyanion 
hole type: (i) GX, (ii) GGGX, and (iii) Y. In the GX type, G is a conserved glycine, and X is either 
hydrophobic or hydrophilic oxyanion hole residue. The lipase with GX oxyanion hole usually prefers 
hydrolyzing medium, and long carbon chain length substrates. In the GGGX type, the oxyanion hole 
residue G is followed by a conserved hydrophobic residue, and this type is found to prefer short 
Figure 1. Three types of lipase’s lids with the position of catalytic triads residues shown. (a) Bacillus subtilis
lipase, with no lid domain (PDB: 1I6W) [57]; (b) Burkholderia cepacia li e, with a loop of the lid (PDB:
3LIP) [58]; (c) Candida antarctica A lipase, with multiple helices of the lid (P B: 2VEO) [59]. Catalytic
triad residues were highlighted by red residues and yellow surface and lid domains were highlighted
by blue color. (Figures prepared by http://www.yasara.org).
5.2. The Oxyanion Hole
An oxyanion hole is a basic structure typically found in many enzyme structures. They are
crucial for igh-energy oxyanion intermediate stabili ation, through hydrogen bo ding between
their amide proton, and the su strate oxygen carbonyl group. When hydrolysis starts, a negatively
charged tetrahedral intermediate is produced, and stabilizes the formed oxygen ion by hydrogen
bonds, which are created by the oxyanion hole [60–62]. The website Lipase Engineering Database (LED)
(http://www.led.uni-st ttgart.de) integrates microbial lipase, esterase for 112 homologous families and
information on 38 superfamilies for sequence, structure, and function [62,63]. In lipases which are
structurally cons rved with a nucleophilic elbow, th first oxyanion hol residu of the consensus
sequence G-X1-S-X2-G is the X2 residue, located next to the catalytic serine after strand β5, whereas
the second oxyanion hole residue is located in the loop between the β3-strand, and the αA-helix at the
N-terminal part [60]. Lipases are classified into three classes according to their oxyanion hole type:
(i) GX, (ii) GGGX, and (iii) Y. In the GX type, G is a conserved glycine, and X is either hydrophobic or
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hydrophilic oxyanion hole residue. The lipase with GX oxyanion hole usually prefers hydrolyzing
medium, and long carbon chain length substrates. In the GGGX type, the oxyanion hole residue G is
followed by a conserved hydrophobic residue, and this type is found to prefer short length carbon
chain substrate [62,64]. The Y-type oxyanion hole is formed by the hydroxyl group of tyrosine side
chain. This type is found in C. antarctica A lipase, some esterase, and a few bacterial lipases [65].
The different types of oxyanion holes are shown in Figure 2.
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Figure 2. Three types of oxyanion holes. (a) X type in Candida rugosa PDB (1LPM): (1R)- Menthyl
hexyl phosphonate (MPA), inside binding area stabilized by hydrogen bonds of two oxyanion hole
residues Ala 210 and Gly 124 [66]. (b) GX type in Geobacillus thermocatenulatus lipase (PDB 2w22):
Triton X-100 (EGC), stabilized by hydrogen bonds of two oxyanion hole residues Phe 17 and Gln
115 [67]. (c) Y type in Candida antarctica lipase PDB (2VEO): (PG4) Polyethylene glycol stabilized by
hydrogen bonds of ne oxyanion hole residue Asp 95 [59]. Magenta dotted lines represent hydrogen
bonds, green col r molecules represe t the substr tes, red color residues are the activ sit s residues and
yellow residues represent the oxyanion hole residues. (Figures prepared by http://www.yasara.org) [68].
The cartoon representation was rendered with an NGL viewer (generated from www.rcsb.org) [69].
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5.3. Substrate Binding Area
The position of the binding site in all serine esterases and lipases are located inside a pocket on
top of the central β sheet. In lipases, the border of the pocket at the protein surface is hydrophobic,
and is assumed to interact with the hydrophobic substrate interface. The hydrophobic interaction
area of the substrate binding pocket in esterase and lipases is different in size, shape, deepness,
and physio-chemical properties. According to the shape of the binding site pocket, lipases can be
subdivided into three categories: (1) lipases with a funnel-like binding site (lipases from the mammalian
pancreas, and cutinase), Pseudomonas sp. and Candida antarctica B; (2) lipases with tunnel-like binding
sites, Candida rugosa, and Candida antarctica A; (3) lipases with a crevice-like binding site near the protein
surface, Rhizomucor sp. and Rhizopus sp. [7,70,71]. The shapes of five types of the binding site of lipases
identified by Pleiss & Fischer [7] are shown in Figure 3. The shape of the acyl binding site reflects
the substrate specificity. Lipases have a hydrophobic long scissile fatty acid binding site positioned
inside the binding pocket at the wall of a binding funnel or in a crevice or a tunnel. While esterases
have a small acyl binding pocket, which fits their substrate. Reducing the size of its acyl binding site
would result in substrate steric conflicts. On the other hand, increasing the size of the acyl binding
site would create free space, resulting in a sub-optimal binding of the substrate, and decreasing the
Kcat/Km [7] will also limit the orientation of chiral substitutes by providing insufficient steric exclusion
effects [72]. Many studies showed that substituting amino acids in the entrance of enzyme active sites
changed the enzyme substrate selectivity [73]. Gosh et al. [74] changed the CRL enzyme specificity from
triglycerides to cholesteryl esters by replacing Ser 450 in CRL1 to Ala in CRL3 located in the substrate
binding area, as this residue prevents the direct steric conflict, to accommodate the hydrophobic
cholesteryl moiety in the hydrophobic cleft. Quaglia et al. [75] identified the hot spot for engineering
Candida antarctica A lipase for triglyceride chain length selectivity, located on the substrate binding area
next to catalytic serine. The residue Tyr183F is essential for discriminating short-chain triglycerides.
Another study showed that exposing the bacterial cocaine esterase, cocE, as hydrolyzing cocaine to
mutation at Q55E in the active site resulted in a modest (2-fold) improvement in Km, but a 14-fold loss
of Kcat [76].
5.4. Enzyme Catalytic Mechanism
The enzyme catalytic mechanism starts when the catalytic serine oxygen atom attacks the carbonyl
group carbon atom of the ester linkage. Subsequently, substrate hydrolysis starts, and generates a
tetrahedral intermediate that creates hydrogen bonds with nitrogen atoms backbone in the “oxyanion
hole.” This oxyanion hole hydrogen bond stabilizes the negatively charged transition state that occurs
during hydrolysis. After releasing alcohol, the acyl-lipase complex is subsequently hydrolyzed, producing
free fatty acid, and regenerating the enzyme [77–80]. The electrostatic surface of many lipase and
esterases have been mapped in their optimum (pH 6–10) range, and these mapping results have shown
that the active sites are negatively charged. According to the “electrostatic catapult” mechanism,
the ionized carboxylic acid is immediately expelled from the active site after the ester cleavage, due to
the electrostatic repulsion between the active site’s negative electrostatic and the negatively charged
carboxyl group [81].
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(a) Pseudomonas aeruginosa PAO1 (PDB: 1EX9) [82]. (b) Candida antarctica lipase B (PDB: 1LBS) [83].
(c) Rhizomucor miehei lipase (PDB: 4TGL) [84]. (d) Candida rugosa lipase (PDB: 1LPM) [66]. (e) Human
pancreatic lipase (PDB: 1LPB) [85]. The purple surface represents the lid structure. The residue color
in magenta represents the catalytic Ser. The residue color in blue represents the substrate. (Figures
prepared by http://www.yasara.org).
6. Li s
Lipas ca als cl fi trate s ecificities. In this classification
strategy, the e t e base of their ability to discriminate between diff rent
substrates. efi ite relationship betw en enzyme c taly i , s lect vity/specificity, and many
theories er t f t l i e catalysis, which includes enzyme-transition state
stabilizati [86], e z e-tra siti state c ple entarity [87], and electrostatics [88]. Enzymes
specificity and selectivity for catalyzing different substrates can be determined by the complementary
between the substrate and the enzy e, as ell the particular interactions between the substrate and
enzyme residues. The selective value, between two substrates 1 and 2, is expressed by the ratio of
constant specificity of the two substrates (Kcat/Km) 1,/(Kcat/Km) 2 [86]. However, the preference for
a different substrate is associated with selectivity type, e.g., mono-di-triglycerides. Xu et al. [89]
have reported the selectivity of Malassezia globose Lip 1 as it is inactive on triacylglycerols, and highly
selective for mono and diglycerides. Furthermore, the selectivity for different fatty acid chain lengths
such as short, medium, or long-chain fatty acids, and the degree of unsaturation is also a selectivity
type. The shape of the enzyme binding site and the nature of the amino acids (sequences) forming the
binding site is the main key controlling lipase preference for different sizes of acyl groups. In addition,
the homologous isoforms of C. rugosa lipase vary in their specificity of the fatty acids chain length,
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due to differences in their tunnel-shaped binding site as differing in their amino acids [90]. There are
varying types of substrate selectivity such as chemoselectivity, regioselectivity, and stereoselectivity
that are reviewed in detail.
6.1. Chemoselectivity
The ability for enzymes to differentiate between substrates with different chemical groups is
known as chemoselectivity, as demonstrated by Candida Antarctica lipase (CALB). The CALB lipase has
105 times higher selectivity for alcohol groups compared to the thiol groups [91]. Lipase chemoselectivity
has been implemented in the polymer end group functionalization for building further branched and
cross-linked complicated polymers architecture and structure [92]. Figure 4 shows lipase catalyzed
chemoselective macrocyclic lactone 2-methylene-4-oxa-12-dodecanolide polymerization to produce
polyester, having the exo-methylene group in the main chain, as no further methylene group proceeding
reaction [93]. Whereas using anionic vinyl for polymerization will form an undesired gel after 1 h,
because of the cross-link reaction. Lipase chemoselectivity is commonly used in macrocylic lactones
polymerization with unsaturated or epoxyl groups (ambrettolide epoxide, ambrettolide globalide)
to produce an unreacted functional group with aliphatic polyester [94–96]. Hence, Lipase catalyze
5-allyloxy-1,3-dioxan-2-one, will result in polymerization when methoxy poly (ethylene glycol) is used
as an initiator. This reaction will result in an amphiphilic copolymer containing pendent -CH=CH2
group, which was then modified by mercaptan acid through the thiol–ene “click” reaction. The modified
copolymer will facilitate the doxorubicin loading and delivery via the synergistic hydrophobic and
electrostatic interactions. In addition, the resulted nanoparticles were efficiently implemented to realize
the effective cellular uptake and potent cytotoxic activity against cancer cells [97,98]. A chemoselectivity
characteristic can also be exploited in biodiesel and high purity diacylglycerols production [99,100].
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6.2. Regioselectivity
The origin of the regioselectivity has been studied widely [101,102]. Quantum mechanics
(QM), and hybrid quantum mechanics/molecular mechanics (QM/MM) are the typical computational
methods used to compare and compete for reaction barriers, which result in different products [103,104].
The regioselectivity for an enzyme is determined when the substrate binds to the enzyme active site,
and the enzyme starts catalyzing the chemical reaction [105]. Achieving a complete understanding
of enzyme regioselectivity is quite complicated, as a specific substrate can exhibit quite different
regioselectivity with different members in one enzyme family. Regioselectivity represents an enzyme’s
ability to be selective for one of two similar chemical groups on the same substrate molecules, such as
hexokinases that catalyzes the phosphorylation of glucose producing glucose-6-phosphate, but no other
type of glucose phosphate (glucose-1phosphate or glucose-3-phosphate) [106]. Lipase regioselectivity
also identifies as the ability t steer the reaction in the preferential direction over th other reaction’s
side. T e reactions catalyz d by non-specific and sp cific (1,3), (2) lipases a e shown in Figure 5.
This p operty is xploited in pharmaceuti al and ch mical industries, such as in isomeric compound
productions to reach optimal functio s under specific configuration. Recently findings, that lipase
originated from Rhizopus oryzae displayed regioselective acylation of quercetin with ferulic acid.
This property implemented fficiently to ynthesize flavonoid derivatives [107]. In the deprotection
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process of per-O-acetylated thymidine, Candida rugosa lipase regioselectivity is used in producing
3′-OH-5′-OAc-thymidine, as shown in Figure 6 [108]. The lipase regioselectivity can be further
classified according to their catalyzing selectivity, as stated in Table 2.
Catalysts 2020, 10, x FOR PEER REVIEW 14 of 36 
synthesize flavonoid derivatives [107]. In the deprotection process of per-O-acetylated thymidine, 
Candida rugosa lipase regioselectivity is used in pr ducing 3ʹ-OH-5ʹ-OAc- hymidine, as shown in 
Figure 6 [108]. The lipase regioselectivity can be further classifi d according to their catalyzing 
selectivity, as stated in Table 2. 
Figure 5. Reactions catalyzed by non-specific and 1,3 specific lipases [109]. 
Figure 6. Candida rugosa (CRL) lipase, catalyze regioselective deprotection of 3,5-O- diacetylated 
thymidine 1 with different aldehyde [108]. 
6.3. Stereoselectivity 
Enzyme selectivity toward specific stereoisomer substrate (chiral molecule), means the enzyme 
reacts with one of the isomers faster than the others, for example, D-amino acid oxidase displays high 
enantioselectivity for oxidation D-amino acid substrate, while there is no activity toward the L-amino 
acid substrate [110]. The ability of lipases to determine the chiral structure of secondary alcohol 
i re 5. i t l - ific a 1,3 s ecific lipases [109].
Catalysts 2020, 10, x FOR PEER REVIEW 14 of 36 
 
synthesize flavonoid derivatives [107]. In the deprotection process of per-O-acetylated thymidine, 
Candida rugosa lipase regioselectivity is used in producing 3ʹ-OH-5ʹ-OAc-thymidine, as shown in 
Figure 6 [108]. The lipase regioselectivity can be further classified according to their catalyzing 
selectivity, as stated in Table 2. 
 
Figure 5. Reactions catalyzed by non-specific and 1,3 specific lipases [109]. 
 
Figure 6. Candida rugosa (CRL) lipase, catalyze regioselective deprotection of 3,5-O- diacetylated 
thymidine 1 with different aldehyde [108]. 
6.3. Stereoselectivity 
Enzyme selectivity toward specific stereoisomer substrate (chiral molecule), means the enzyme 
reacts with one of the isomers faster than the others, for example, D-amino acid oxidase displays high 
enantioselectivity for oxidation D-amino acid substrate, while there is no activity toward the L-amino 
acid substrate [110]. The ability of lipases to determine the chiral structure of secondary alcohol 
Figure 6. Candida rugosa (CRL) lipase, catalyze regioselective deprotection of 3,5-O- diacetylated
thymidine 1 with different aldehyde [108].
6.3. Stereoselectivity
Enzyme selectivity toward specific stereoisomer substrate (chiral molecule), means the enzyme
reacts with one of the isomers fast r than the others, for example, D-amino acid oxidase displays
high enan iosel ctivity f r oxid tion D-amin acid substrate, while there is n activity toward the
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L-amino acid substrate [110]. The ability of lipases to determine the chiral structure of secondary
alcohol enantiomers depends on the Kazlauskas rule, by which the enantiomers discrimination requires
matching between the size of the corresponding binding pockets, and the size of the substituents at the
stereocenter [111]. Recently, many factors related to the discrimination of enantiomers or diastereomers
have been identified with the development of protein crystallography and computational simulation
technologies, which mainly depends on the steric hindrance related to Kazlauskas rule structural
rules. These factors depend on the complementarity between the substrate, and the topological
structure of a lipase active site [112]; the hydrogen bonds between the tetrahedral intermediates,
and the catalytic site surrounding residues [72]; the flexibility of structural region [113]; and the enzyme
surface residue electrostatic interactions [89]. The stereoselectivity of lipase is well implemented in
the pharmaceutical and agrochemical industries, as it is used in the production of single enantiomers,
instead of racemic mixtures because, in most cases, only one of the two enantiomers has the desired
activity, whereas the others enantiomers have no activity or even produce undesirable side effects [114].
Lipase enantioselectivity has also been used for pharmaceutical product production processes by
transesterification of secondary alcohols [115].
Table 2. Classification of microbial lipase according to their sn regioselectivity.







Rhizopus delemar 1,3 [117]
Rhizomucor miehei 1,3 [117]










Candida rugosa Non-specific [90,119]

















Candida auricularia 1,3 [124]
Candida antarctica B 1,3 [125]
Malbranchea cinnamomea 1,3 [126]
Aspergillus niger 1,3 [116]
Thermomyces lanuginosus 1,3 [127]
Yarrowia lipolytica 1,3 [128]







Pseudomonas aeruginosa sp Non-specific [130]
7. Lipase Reactions and Applications
Many industrial processes for producing different products such as biodiesel, flavors, food,
and cosmetics, are mediated by the catalyzing lipases. However, in an industrial application,
the thermal stability is the most desirable feature of an enzyme, which is employed in processes that
require temperatures greater than or equal to 60 ◦C, as the majority of industrial lipolytic reactions
run in high temperatures. Lipases are most preferred if they are thermostable. This is because of the
high temperatures employed in an industrial lipolytic reaction [131]. Thermostable lipases have been
isolated from extreme thermophilic, thermophilic, and mesophilic bacteria, such as from Pseudomonas
sp, Bacillus sp. Geobacillus zalihae, and Thermoanaerobacter thermohydrosulfuricus, which were widely
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studied [22,132,133]. Similar to their counterpart, the cold-adapted lipases have also been adapted
in a wide range of industrial biotechnological applications. These enzymes are generally produced
by psychrophilic microorganisms, which usually survive at temperatures around 5 ◦C, and generally
display high catalytic activity at low temperatures between 0◦ and 30◦ [134,135]. Recently, new reported
applications of lipase have been implemented, such as ring-opening polymerization [136]. Usually,
catalytic activities are grouped under two features: synthesis and hydrolysis. The main synthesis
reactions can be classified as alcoholics, acidolysis, aminolysis, esterification, and interesterification, as
stated in Figure 7 [137]. For the lipase catalyzed Michael addition reaction, various catalytic mechanisms
are put forward. These reactions imply the activation of α, β-unsaturated carbonyl compound as an
electrophile, with an additional nucleophile. A new mechanism has been proposed for catalyzing the
addition of benzylamine to methyl crotonate by Candida antarctica lipase B. This mechanism implies
the formation of the oxyanion hole by Thr40 and Gln106 for stabilizing the negative charge of the
transition state, which favored the generation of the electrophilic carbocation. On its side, a couple of
catalytic triads—His224-Asp187—favor proton dissociation of the amine group to generate an activated
nucleophile, and enable proton transferring during the catalytic mechanism [138]. Lipid modification
is another main lipase application used for designing natural lipids to meet nutritional properties,
such as synthesizing the cocoa-butter equivalent of palm oil and stearic acid. Cocoa-butter has special
properties, such as a melting temperature between 25–35 ◦C and has a crystalline form [139]. Masayama
et al. [140] have reported the ability for synthesizing Phosphatidylinositol by one of Streptomyces
Phospholipase D mutants after altering enzymes substrate specificity. Enhancing Candida antarctica A
lipase selectivity by rational design has implemented in the production of polymers or surfactants, as
the modified variants have higher selectivity toward erucic acid (C22:1) from plant oil or its ethyl ester
derivative [141]. Furthermore, modifying Candida antarctica A lipase selectivity for medium-chain
fatty acids (MCFAs: C6-C10) by rational design has been exploited in food additives, as it provides
quick access to energy, and has less implicated in the accumulation of body fat [142]. In the food
industry, the immobilized lipases from Staphylococcus xylosus, Candida antarctica, Staphylococcus warneri,
and Mucor miehei were used in the production of short-chain flavored thioesters and flavored esters.
Additionally, the use of Candida rugosa lipase in the production of flavor compounds, such as ethyl
caprylate, the production of ice creams, and the food and flavor industry, was recently reported [143,144].
Recently, Zorn et al. [145] reported improving the chain length of mono-unsaturated fatty acids from
Camelina and Crambe oil ethyl ester derivatives by exploiting semi-rationally designed Candida
antarctica Lipase A.
Reversing Candida antarctica A lipase enantioselectivity by directed evolution has successfully been
implemented in the drug industry, as the new variants have shown different enantioselectivity against
R-substituted esters [146]. The therapeutics chemical industry is also catalyzed by lipase, such as
manufacturing antibacterial compounds. Candida rugosa lipase catalyzes the enzymatic resolution of (S)
- and (R)-elvirol and their derivatives (S) - (+) and (R) -(-)-curcuphenol 8, which exhibits antibacterial
activity against Staphylococcus aureus, and Vibrio anguillarum. However, the (S) - (+) - enantiomer
has the activity to inhibit the gastric H/K-ATPase [147]. Hence, in the pharmaceutical application,
the engineered variant of the Thermomyces lanuginosus (Humicola lanuginosa) lipase comprising amino
acids 1-269 of SEQ ID NO: 1, combined with a protease, and/or an amylase were used in medical
indications, as treatment of diabetes type I, diabetes type II, digestive disorders, pancreatic exocrine
insufficiency (PEI), cystic fibrosis, and pancreatitis. The novel lipases have improved efficacy in vivo
and are stable in the presence of bile salts, and stable against protease-degradation [148]. Recently,
the monoglyceride lipase has been recognized to be a promising drug targeting many disorders, such as
neurodegenerative, cancer, and inflammatory diseases [149] In the nanomedicine field, Sn2 lipase labile
phospholipid prodrugs, together with contact-facilitated drug delivery, are exploited in the prevention
of premature drug diffusional loss during circulation and for increasing target cell bioavailability [150].
In the medicine field, especially, in cancer therapy and prevention, a novel application potential of
lipases was reported [151].
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By single catalyzing transesterification of lipase in organic solvents, a renewable energy source
for public transportation fuel is produced. This fuel originates from various plant oil by converting
vegetable oil to methyl- or short-chain alcohol esters [152]. Lipase from Burkholderia cepacia has extensively
been used in biodiesel production by catalyzing non-edible oil and castor oil transesterification [153].
Additionally, implementing lipases from Fusarium heterosporum expressed in Aspergillus niger in
biodiesel synthesis was found to be beneficial by eliminating the phospholipid concentration in oils
used for this purpose [154]. Another supported study achieved by Du et al. [155] reported the possibility
of converting phospholipids-containing oils to biodiesel. This lipase mediated process accelerated
production three-fold, and enhanced the efficiency of deriving biodiesel from waste oil. Lipase also
plays an essential role in bioremediation, as it could be used for the treatment of the lipid processing
factories and restaurant wastes, such as Staphylococcus pasteuri COM-4A, B lipase, Arthrobacter sp,
and B. subtilis COM-B6 lipase [156]. Lipases from Acinetobacter sp, C. rugosa, Bacillus sp, Pseudomonas
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sp were also been used in the skimmed fat-rich impurities digestion [157]. In the anaerobic treatment
of industrial wastewater, food waste [158], grease from wool [159], dairy waste [160], wastewater from
oil mills [156], and manure [161]. Bojsen et al. [162] reported enhancing enzyme activity and stability
by combining two homologous genes encoding the high active Fusarium oxysporum phospholipase and
high stable Thermomyces lanuginosus lipase, which resulted in a novel improved phospholipase used
in catalyzing the glycerolysis of palm oil to produce diacylglycerol (DAG). This product is marketed
for degumming edible oil (Lecitase ultra™, Novozymes A/S). In the fatty acid derived from palm oil
synthesis, the Candida antarctica lipase A acyltransferase activity has been implemented, even in the
presence of 5–10% (w/w) water [163]. The Novozyme 435 lipase has been efficiently implemented in
free fatty acids with octanol esterification to produce octyl esters, hence, the modification of vegetable
oils to form bio lubricant components can be successfully achieved by exploiting lipase-catalyzed
transesterification, esterification, epoxidation reactions [164]. In the cosmetic industry, lipase derived
from P. cepacia and P. fluorescens has been involved in producing the menthol esters that provide a
peppermint flavor in shaving creams and mouthwashes [165]. The esterification catalyzed by lipase
has been used in synthesizing esters derived from wax, ellagic acid, cinnamic acid, and ferulic acid,
as these products can be involved in cosmetics and sunscreens, precursors of pharmaceuticals and
flavor/fragrance compounds industries [143,166,167].
8. Major Challenges of Implementing Wild Type Lipase in Industrial Application
Despite the breakthrough in microbial enzyme identification, purification, and implementation,
the diverse industrial demands of improved lipases properties, such as enhancing thermostability,
enantio-regio-stereoselectivity, productivity, activity, and stability in different organic solvents,
have emerged in various sectors. Increasing demand for consumer goods, natural source depletion,
cost reduction, and environmental safety, all these driving factors have motivated the use of microbial
enzymes in industrial applications [168]. In 2014, the global market for industrial enzymes was
estimated at USD 4.2 billion, and expected to develop at a compound annual growth rate (CAGR)
of approximately USD 6.2 billion in 2020 [169]. For industrial satisfaction, there is a great necessity
to engineer lipases both in the aspect of quantity and quality at the lab scale, as available lipase
performance is not always sufficient for an industrial application, and the majority of enzymes
have sub-optimal characteristics for processing conditions, such as temperature, pressure, salinity,
and pH [170,171]. However, screening for new lipases requires many time consuming and expensive
procedures, starting from screening and isolating the producing bacteria, identifying and optimizing
the lipase activity, determining the molecular weight, sequencing, cloning, and screening for a suitable
host to purification. For enzyme purification, several methods were used, and these methods were
typically dependent on several nonspecific techniques, such as precipitation; gel filtration; hydrophobic
interaction chromatography; affinity chromatography, which has been used to shorten the number of
individual purifications; and finally, ion-exchange chromatography [172]. However, many factors affect
protein purification, such as: (i) a high concentration of protein which often causes protein precipitation
and aggregation, as the addition of charged amino acids affects the protein solubility; (ii) high imidazole
concentration, as it might affect the protein crystallization; (iii) high protein concentration during
dialysis, which may result in protein participation, (iv) a suitable expression system, which is related to
protein solubility and properly folded and activity; (v) the cysteine-containing proteins, which mainly
affect in purification due to the cross-linking of thiol groups that causes oxidation then aggregation;
(vi) isoelectric point (pI) and pH, which affect protein stability and solubility; (vii) temperature and
salt concentration, which might affect protein solubility and result in protein aggregation; (viii) finally,
the mutation in a single domain, point mutation, truncated, or subunits of multimeric proteins,
rather than the native proteins might be a helpful factor in protein solubility and crystallization [173].
Lipase like Novozym 435 has been exploited in lots of industrial applications, such as esterification,
transesterification of many chemical and fine chemical products, producing pure optical enantiomers,
polymer production and modification, food modification technology, and biodiesel production, due to
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the excellent catalytic prosperity and stability in different organic media. However, this golden
biocatalyst has many serious problems, as this catalyst is immobilized by using the hydrophobic
“Lewatit” via interfacial activation. This support can retain hydrophilic by-products, such as retaining
glycerin in biodiesel production and water in esterification, which will result in enzyme inactivation,
because of the formation of water or glycerin layers inside the enzyme. Another problem related to
the immobilized enzyme support, is that at the high-temperature reaction in the presence of organic
co-solvent or detergent, the enzyme disassociates the support particles [174].
9. Enzyme Engineering Approaches
Protein engineering generally involves the amino acid sequence modification at the DNA sequence
level by various means of genetic techniques or chemicals. The produced protein is then tested for an
optimal, novel, or improved catalytic and/or physical properties. However, several points should be
considered to determine which protein engineering strategy should be implemented. This involves
three steps. First, determining the protein changes (engineering strategy) such as randomization or
rational design. Second, making these changes and, finally, evaluating the properties of the improved
protein (selection or screening). Recently, many concepts have been adapted for applying successful
protein engineering strategies, such as determining the location of changes throughout the protein or at
selected regions (near the active site, at flexible sites, sites identified by structure-based modeling or by
sequence comparisons). This substitution could involve one amino acid, inserting extra amino acids,
changing the location of the amino acid at the end or deleting them. Enhancing protein thermostability
is an example of amino acid substitution, and this can be achieved by removing glycine, or introducing
proline at the loop area, or increasing protein stability by designing specific interaction (salt bridges or
disulfide bonds). Another concept that should be considered for protein engineering is the mutagenesis
method, such as error-prone, saturation mutagenesis, DNA shuffling, and simultaneous mutagenesis
of many sites. In addition, the screening methods are considered an important concept, as they include
selection for growth, high-throughput screening, substrate analog or true substrate, true reaction
condition, exhaustive screening or partial screening library [175]. There are two basic mutagenesis
approaches, and it is sometimes appropriate to combine both approaches.
9.1. Directed Evolution
Direct evolution principles constitute two steps: the generation of random mutant library and
screening the required variant with a suitable screening system. To create mutant libraries there
are two variant strategies, namely non-recombining epPCR and recombining of the different genes
(DNA shuffling) [6]. The most widely used technique for direct evolution is non-recombining epPCR,
which uses an unbalanced concentration of dNTP and Mg2+, which works as DNA polymerase cofactor
to enhance DNA processing [176]. To perform high-fidelity PCR with Taq polymerase, reactions the
MgCl2 concentration should not be in large excess over the total concentration of dNTP substrate [177].
This will result in substantially increasing the rate of errors in the gene codon [178]. In the pharmaceutical
industry, a modified esterase from Bacillus subtilis is used to hydrolyze pnitrobenzyl ester bonds in the
organic solvents. This reaction involves removing the protecting groups introduced during antibiotic
(cephalosporins) synthesis. After four generations of random mutagenesis, the specific enzyme activity
increases 30-fold, followed by DNA recombination [179].
The first recombining method (DNA shuffling) was developed by Stemmer [178] and used in
DNA degradation. This method used DNAse for catalyzing DNA degradation, and subsequently
followed by recombination of the fragment without primers (self-priming PCR), whereas the second
epPCR needed for primers. The range of mutant varies from (104–108) with all random mutagenesis
methods, but a highly reliable screening or selection system is required to identify the desired
improved property [180]. In protein engineering in numerous applications, directed evolution is a very
useful method [181]. The creation of regioselectivity and enantio-diastereo enzymes as catalysts for
asymmetric transformations is achieved by engineering the enzyme binding pocket. This method was
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used as a choice by implementing (iterative) saturation mutagenesis for amino acid randomization
at the targeting area [182]. There are two novel approaches used for solving an effectivity problem.
One implements a single amino acid as a block building by randomization of the 10-residue site,
while another uses nine amino acid residues by employing each residue for different amino acid
residues [183]. A smart technique was presented by Seeling and Szostak [184], in which the enzyme
was first selected for its activity and the activity improved by direct evolution. In this technique,
the authors developed a new method to aid them in their resulted library screening. This technique
involved the generation of DNA library and subsequently transcribed into mRNA. Before in vitro
translation, the 3′ end of mRNA was cross-linked to a modified oligonucleotide containing puromycin
(tRNA resembles antibiotic), resulting in an mRNA-displayed protein. Subsequently, via the reverse
transcription of the mRNA to cDNA by using a substrate linked primer, the mRNA displayed protein
was linked to the reaction substrate to carry out the selection process. By converting the substrate into
the required product, the active enzyme then can be selected. Finally, the cDNA of the active enzyme
is isolated and used for further rounds of the direct evolution process.
9.2. Rational Design
This approach is based on the knowledge of possible relationships of structure, sequence, function,
and catalytic mechanisms of protein to allow the prediction of amino acid residues needed for mutation.
Mutations are introduced at a specific place of gene encoding protein. There are two methods for site
directed mutagenesis. The first one called “overlap extension”. The second method of site-directed
mutagenesis uses commercial “QuikChange Site Directed Mutagenesis Kit”, and is called whole
plasmid single round PCR [185]. Many predictive computational algorithms have been developed
and used for predicting possible effective target [186]. To predict the changes required to modify
certain protein properties, deep knowledge of the structure and energy function is required [187].
Many enzymes have been rationally redesigned for different purposes such as: (I) increasing the
enzyme thermostability by replacing glycine with proline [188], or by deletion N-terminal domain [35];
II) enhancing Candida antarctica lipase B (CalB) stability in a hydrophilic organic solvent by generating
an additional enzyme surface hydrogen bonds [189]; (III) replacing the high B-factor region [190];
(IV) enhancing substrate enantioselectivity or substrate specificity; and (V) introducing catalytic
promiscuity by introducing a new reaction specificity in an enzyme [191]. This method has been
approved as it achieves many important goals. It is simple and well-established; on the other
hand, it is difficult to get a precise knowledge of protein efficient hotspots, or the effect of different
mutations. Site-directed mutagenesis has been used in changing the nucleotide sequence of a cloned
DNA fragment using synthetic oligonucleotides. The breakthrough in molecular modeling software
and the new generation of computational tools and databases have helped non-experts to perform
protein engineering by rational design. In this mutagenesis approach to make the desired changes
sometimes sequence alignment is needed for supporting the selection of mutant positions, especially
when the protein belongs to a well characterized large family, as then the planned substitutions
(mutation) effects can be predicted [192]. Depending on homology modeling, 72,000 protein sequences
have had their structures solved. The computational biology scientists developed algorithms for
protein 3D structure prediction from their amino acids sequencing similarities. This prediction is
based on one effective approach using an already known structure template sharing (40% and up)
similarity. Furthermore, the use of in silico simulation (molecular modeling) to simulate the behavior
of the molecule—which depends on using several equations and algorithms describing inter and
intra-molecular interactions—has been widely used for DNA and protein simulations. Docking
is another computational technique that has been used for binding affinity estimation and protein
conformation prediction, which has improved the rational design [193].
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9.3. Combined Engineering Strategies
Combining rational protein design and directed evolution procedures have been evolved for
producing smaller libraries [194]. Based on the enzyme structure information these methods were used
to targets specific enzyme regions and residues in each evolution cycle. According to this approach,
many studies have been extensively using saturation mutagenesis procedures for many enzyme
properties improvement. This method is based on the randomization of all amino acids at a specific
position, or on the randomization of two or more positions in an enzyme simultaneously [195,196].
In this case, the screening process is faster as the modified sequence space is small. A more efficient
method known as Iterative Saturation Mutagenesis (ISM) for directed evolution was introduced for
producing high functional enzymes. [196,197]. Based on the resulted protein structure, applying
ISM at defined chosen sites of an enzyme has extremely reduced the screening effort and molecular
biological work necessity [198]. Gene Site Saturation Mutagenesis (GSSM) is a more developed
approach, which provides high throughput screening methods [199]. Computational protein designing
tools are getting more and more attention in recent years, as a novel strategy to predict the effects
of the mutations on the structure, function, or stability of enzyme variants resulted from utilizing in
silico approaches [200].
A set of computational programs have been designed for the systematic analysis of the relationship
between lipases sequence, structure, function, and related proteins; The Data Warehouse System
(DWARF) [201], the alpha/beta-hydrolase fold 3DM Database (ABHDB) [202], or Lipase Engineering
Database (LED) [203]. These databases integrate sequence, structure, and annotation information
available in public databases like PDB [204], GenBank [205], and others, being useful tools for the
designing of enzyme variants with improved properties by identifying functionally relevant residues
apart from the active site amino acids [203]. The introduction of the B-factor criterion (B-FITTER) [186],
is another tool used to identify the amino acid with a high average B-factor, which means that this
amino acid residue has a degree of flexibility that corresponds to low thermostability [206]. Juhl and
co-workers exploited bioinformatics to generate improved Candida antarctica lipase B (CAL-B), accepting
esters with branched and sterically demanding acids [207]. They generated 2400 CAL-B variants an
in silico library and screened by substrate docking. Virtual screening resulted in nine variants with
single substituted amino acid achieved by site directed mutagenesis. Among the nine resulted variants
only one showed higher activity than the wild type toward branched acids but not toward sterically
demanding acids. This work showed the advantages of implementing in silico approaches to predict
improved variants, thus reducing the high throughput screening assays. Another successful study
introduced by Ruslan and co-workers, exploited the computational protein tool, namely I-Mutant 2.0
resulted in improving the Geobacillus zalihae T1 lipase thermostability by introducing an ion-pair in the
inter-loop [208]. Furthermore, powerful computational tools (MODIP and DbD v1.20) were used by Le
and co-workers to predict the possible disulfide bonds in Candida antarctica lipase B for improving
thermostability. They predicted five residue pairs to substitute to cysteine. The resulted CAL-B variant
maintained its catalytic efficiency and improved thermostability as the half-life was higher 4.5-fold,
compared to that of the wild type enzyme [190].
Lipase derived from Candida antarctica B and Bacillus pumilus have engineered by molecular
dynamic (MD) simulations and direct evolution to enhance activity and thermostability [209,210]].
Recently, findings reported using ultrasound for treating lipase from Thermomyces lanuginosus (Lipozyme
TL-IM), which resulted in significantly improve in biodiesel production, as the modified lipase
reduced the quantity of excess methanol used in this process [211]. Site saturation mutagenesis
and high-throughput screening techniques were used in another study for engineering Thermomyces
lanuginosus DSM 10635 lipase to improve its activity. The resulted catalyst effectively used in the
chiral intermediate of Pregabalin biosynthesis [212]]. Engineering psychrophilic lipase isolated from
an arctic bacterium, Bacillus pumilus by rational design based on the 3D-structure model technique to
improve activity, resulted in two novel mutants with significant activities improvement, as compared
to that of the wild type [213]. Moreover, using the metabolic engineering techniques of lipase from
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Burkholderia cepacia highly increased the lipase production 34-fold compared to a wild type after cloning
and expressing in Lactococcus lactis [214].
The optimization of many enzymes by using response surface methodology and statistical design
of experiment studies are essential for improving the process efficiency at various scales of the industrial
process. In the pharmaceutical and chemical industries, the industrial scale-up of lipase-catalyzed
bioprocesses find immense applications, as led to synthesis biotransformed end and chiral product.
The synthesized product can provide eco-friendly alternatives to the organo and metallo catalysis that
require extreme operating conditions. The scale-up of some pharmaceutical lipase included several
biocatalysis reactions, such as the synthesis of wax esters, cetylricinoleate, or myristylmyristate for
cosmetics and (1S,3S)-3-aminocyclohexanol, as well as the synthesis of diltiazem by resolution of chiral
precursors products [5].
10. Targeting Loop and Binding Area for Engineering Specificity
Changing enzyme substrate selectivity is one of the most required modifications in engineering
catalysts. Natural enzymes do not show a wide substrate acceptance range or high catalytic activity
towards different substrates, at the same time they are highly specific either in the type of reaction
they catalyze, and the nature of the substrate they utilize. Thus, one of the most important industrial
needs is modifying enzyme selectivity to exhibit broad substrate specificity. This modifying process
falls into three categories: expanding, narrowing substrate specificity, and completely switching
the specificity towards novel substrates [215]. In silico analyses have been used for predictions of
enzymes hotspot to engineer new desired properties, and these have helped the evaluation of predicted
hotspots, and determining suitable amino acids for substitution [216]. Recently, many studies have
indicated that targeting sites lining the binding pocket of an enzyme by site saturation mutagenesis is
particularly effective [197].
Many researchers have successfully improved or changed many enzymes’ specificity by
manipulating the amino acids around the pocket binding area, for example, in Pseudomonas cepacia,
changing the Tyr4, Tyr29, Tyr45, Tyr95, and Asp36, Asp55 that line the pocket binding area improved the
Pseudomonas cepacia enantio and regioselectivity toward p-NPP-(p-nitrophenyl palmitate) secondary
alcohol about 6-fold [115]. Damnjanovic et al. [217] reported enhancing Streptomyces antibioticus
phospholipase D specificity toward Phosphatidylinositol (PI) by subjecting the binding site’s four
residues to saturation mutagenesis. Another study has shown that targeting the substrate binding
site of Candida antarctica Lipase A had improved acyltransferase activity [218]. Hence, Jan et al. [219]
had also reported improving Pseudozyma antarctica lipase A (CAL-A) acyltransferase activity by
targeting a substrate binding site. Substrate entrance enzyme tunnel also was selected as a target for
engineering substrate specificity of Pseudomonas sp acidic lipase toward long-chain C-18 substrate by
applying saturation mutagenesis [73]. Furthermore, targeting Candida rugosa lipase access channel
by substituting the small amino acid residues using site-directed mutagenesis with a bulky one has
shifted the lipase chain length specificity toward short-chain [220]. Other studies have shown that
substituting the lid region of lipases changes lipase activity, enantioselectivity, thermostability, stability,
and enhanced catalytic efficiency [221]. However, the complete substitution of the lipase lid region
with the same sequence of the esterase lid region decreases interfacial activity and increases the enzyme
activity toward water-soluble substrate activity (Esterase property) [222]. Recently, findings reported
by Wikmark et al. [223] show that removing the lid region of Candida antarctica lipase A has retained the
enzyme’s functional properties activity, stability, stereoselectivity, and substrate specificity—without
interfacial activation. The hinge region is another part of the lid which affects lipase selectivity. This has
been depicted by a mutation in this area (lid hinge) and resulted in improved lipase chain length
specificity and thermostability of the enzyme [224] Table 3 indicates that enzyme engineering by
rational design at the lid, and substrate binding area resulted in enzyme specificity modification, and it
will help in implementing this approach at these structural points to produce a novel biocatalyst.
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Table 3. Selected examples of lipases with improved protein specificity by targeting different
structure areas.
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Table 3. Cont.
Enzyme Origin Mutagenesis Method Structural Target Improved Property References
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Rhizopus delemar
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Bacillus subtilis
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11. Conclusions and Future Prospective
The role of every amino acid residue around the binding pocket (active site) and lid region is very
complex, because they involve different and specific interaction with substrate molecules. Another
prospect is that lipase reactions take place at an interfacial state, which affects the quality of the obtained
products. Also, the electrical equilibrium after replacing the amino acid residue around the binding
area, and the lid (flap), should be considered when applying different mutagenesis approaches, as it
affects the binding energy and the interfacial activation state. With enough knowledge, reconstruction,
and redesigning, novel biocatalysts (lipases) will facilitate the construction of new enantiomers used in
medicine and other applications. Furthermore, genome-editing and synthetic biology techniques could
perform the construction of metabolic pathway, which might be implemented in the production of
useful lipase from microbial origins. With the evolution of molecular enzymology and lipase specificity,
these two will be promising tools to support synthesizing new material with desirable structures
and properties.
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